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ABSTRACT

Despite the importance of oolitic depositional systems as indicators of climate and reservoirs of inorganic

C, little is known about the microbial functional diversity, structure, composition, and potential metabolic pro-

cesses leading to precipitation of carbonates. To fill this gap, we assess the metabolic gene carriage and extra-

cellular polymeric substance (EPS) development in microbial communities associated with oolitic carbonate

sediments from the Bahamas Archipelago. Oolitic sediments ranging from high-energy ‘active’ to lower

energy ‘non-active’ and ‘microbially stabilized’ environments were examined as they represent contrasting

depositional settings, mostly influenced by tidal flows and wave-generated currents. Functional gene analysis,

which employed a microarray-based gene technology, detected a total of 12 432 of 95 847 distinct gene

probes, including a large number of metabolic processes previously linked to mineral precipitation. Among

these, gene-encoding enzymes for denitrification, sulfate reduction, ammonification, and oxygenic/anoxy-

genic photosynthesis were abundant. In addition, a broad diversity of genes was related to organic carbon

degradation, and N2 fixation implying these communities has metabolic plasticity that enables survival under

oligotrophic conditions. Differences in functional genes were detected among the environments, with higher

diversity associated with non-active and microbially stabilized environments in comparison with the active

environment. EPS showed a gradient increase from active to microbially stabilized communities, and when

combined with functional gene analysis, which revealed genes encoding EPS-degrading enzymes (chitinases,

glucoamylase, amylases), supports a putative role of EPS-mediated microbial calcium carbonate precipitation.

We propose that carbonate precipitation in marine oolitic biofilms is spatially and temporally controlled by a

complex consortium of microbes with diverse physiologies, including photosynthesizers, heterotrophs, denitri-

fiers, sulfate reducers, and ammonifiers.
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INTRODUCTION

Oolitic sands are one of the predominant sediment types

comprising tropical carbonate platforms of both the modern

and geologic past. While oolitic sand grains vary in both

structure and mineralogy, the majority of modern marine

ooids range in size from 0.25 to 2 mm and are formed by

concentric layers of tangentially arranged aragonite needles

around a nucleus. Oolitic sands are generally formed in agi-

tated shallow waters favored by either intertidal or subtidal

conditions, which creates bidirectional currents emulating a

‘spin cycle’ where oolitic sands are temporarily trapped

(Rankey et al., 2006). Modern marine ooids are found in

the Bahamas (Ball, 1967; Harris, 1979), the Yucat�an (Ward

& Brady, 1973), the Arabian Gulf (Loreau & Purser,

1973), the South Pacific (Rankey & Reeder, 2009) and

Shark Bay, Australia (Davies, 1970). In the Bahamas, hun-

dreds of square meters of oolitic sands form extensive bank

and shoal-water complexes with carbonate accumulation

estimated at 3.2 GT per year (Milliman, 1993; Milliman &
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Droxler, 1995; Harris, 2010). These oolitic sand bodies are

characterized by high porosity and permeability, enabling

advective exchange of particles and dissolved materials in

the overlying water column.

Despite the extent and importance of oolitic grainstones

in many ancient carbonate successions (Keith & Zuppann,

1993) including large hydrocarbon reservoirs (Benson,

1988; Lindsay et al., 2006), the genesis of ooids remains

controversial. While various theories support abiotic pro-

cesses (Morse & Mackenzie, 1990; Duguid et al., 2010),

others attribute ooid genesis to biogenic factors (Davies

et al., 1978; Gerdes et al., 1994; Pl�ee et al., 2008, 2010;

Pacton et al., 2012), some of which are supported by the

presence of nanoscale textures of bacterial origin (Folk &

Lynch, 2001), and conspicuous presence of organic material

(e.g., aspartic acid, lipids) incorporated during ooid cortex

growth (Mitterer, 1968; Summons et al., 2013). Despite

evidence of biologic origin, the role of microbes in the

accretion of ooids has been challenged due to endolithic

micro-organisms with capabilities for micritization in ooid

cortices and cement precipitation in the borings (Duguid

et al., 2010). Notwithstanding, what is still debatable is

whether precipitation processes in the cortical layers of the

ooids are locally induced by microbial activities. There is

growing evidence that microbes can control the degree of

carbonate saturation on their surroundings through their

metabolic activities, some of which lead to the formation of

alkaline microenvironments (Kahle, 2007; Pl�ee et al., 2008,

2010). The formation of these alkaline microenvironments

can thus induce carbonate precipitation. The extent of car-

bonate precipitation is thus the result of the net balance of

microbial processes that promote precipitation (e.g., photo-

synthesis, anoxygenic photoautotrophy, sulfate reduction,

denitrification, ammonification) and those that promote dis-

solution of carbonate (e.g., aerobic respiration, sulfide oxi-

dation, fermentation) (Castanier et al., 2000; Visscher &

Stolz, 2005; Ries et al., 2008). Previous studies on micro-

bial systems in the Bahamas suggest carbonate precipitation

in chalky aragonite muds west of Andros Island, Bahamas

(whitings), to be mostly driven by the action of denitrifiers

on the calcium salts present in seawater (Drew, 1911,

1914), whereas others propose photosynthesizers (e.g.,

Synechococcus) as the main drivers (Robbins et al., 1996).

The synergism between sulfate reducers, heterotrophs, and

phototrophs (e.g., cyanobacteria) has also been implicated

as drivers of carbonate precipitation in stromatolites and

microbial mat systems in the Bahamas (Dupraz et al., 2004;

Dupraz & Visscher, 2005) and, most recently, in ooid for-

mation (Diaz et al., 2013; Summons et al., 2013).

Extracellular polymeric substances (EPS) have also been

shown to contribute to carbonate precipitation (Visscher

et al., 1999; Dupraz & Visscher, 2005; Dupraz et al.,

2009); as such, different types of EPS alteration are known

to induce calcification, for example, microbially mediated

decomposition by heterotrophs, organomineralization, and

UV decomposition (Dupraz & Visscher, 2005). The EPS

matrix, which is produced by a consortia of heterotrophs,

sulfate reducers, and cyanobacteria, can sequester nutrients

from the environment and provide protection from fluctua-

tions in temperature, desiccation, UV radiation, and preda-

tion (Decho, 1990, 2000; Davey & O’Toole, 2000). In

addition, EPS can assist in the development of microenvi-

ronments, where sharp geochemical gradients occur by the

binding of organic molecules and ions to the cell matrix.

While EPS can inhibit precipitation when trapping free

divalent cations (Mg+2, Ca+2) in the organic matrix (Kaw-

aguchi & Decho, 2002; Braissant et al., 2009), microbial

degradation of EPS releases bound Ca+2, favoring the

development of ‘hot spots’ where localized CaCO3 occur

(Dupraz & Visscher, 2005; Baumgartner et al., 2006).

The role of EPS and associated microbes in the accretion,

lamination, and lithification of modern stromatolites has

been well documented and represents a good model of the

importance of microbes in calcification processes (Dupraz

& Visscher, 2005; Baumgartner et al., 2006).

Apart from recent molecular phylogenetic studies that

shows marine oolitic grains harbor a remarkably diverse

bacterial community, represented by Proteobacteria within

the Alpha-, Delta- and Gamma-lineages, Cyanobacteria,

Planctomycetes, and several other groups (Diaz et al., 2013;

Edgcomb et al., 2013), little is known about the func-

tional gene diversity and metabolic potential of these com-

munities. To circumvent this, we employ a functional gene

microarray, GEOCHIP 4.2 as well as EPS analysis on oolitic

grains from high-energy ‘active’ environments (tidal

currents) to lower energy ‘non-active’ and ‘microbially sta-

bilized’ environments of the Bahamas. GEOCHIP 4.2 is a

high-density oligonucleotide-based microarray that con-

tains 95 847 distinct probes covering 246 285 coding

sequences for 740 gene categories associated with micro-

bial functional processes including carbon, nitrogen, sulfur,

and phosphorus cycling, energy processing, metal resis-

tance and reduction, organic contaminant degradation,

stress responses, antibiotic resistance, and bacterial phages

(Table S1). The GEOCHIP 4.2 microbial domain includes

4322 species of bacteria, 188 species of archaea, 420

eukaryotes (fungi), and 273 bacteriophages. In view of the

high-throughput qualitative and quantitative capabilities of

the method (Wang et al., 2011a), this functional gene

array technology is becoming an important tool for study-

ing biogeochemical processes and putative functions of

microbial communities (Bai et al., 2012; Chan et al.,

2013; Zhang et al., 2013). The goal of this study is to

characterize the functional gene diversity and metabolic

potential of microbial communities in oolitic sands of the

Bahamas from three different contrasting environments,

and how their functional capabilities relate to biogeochem-

ical processes, including carbonate precipitation.
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MATERIALS AND METHODS

Sample sites and sample collection

The Bahamas Archipelago comprises 470 000 km2 and is

located between 20 ° and 28 °N at the southeastern conti-

nental margin of the North America Plate. The area is char-

acterized by isolated carbonate platforms (over an area of

5 km) with over 600 cays and shoal-water complexes of

ooids that form margin parallel marine sand belts, tidal bar

belts, or platform interior blankets (Ball, 1967). Sea surface

temperatures range from 23 to 26 °C in the northern archi-

pelago, whereas in the southern end, the temperatures range

from 25 to 29 °C (Gaudain & Medley, 2000; Antonov

et al., 2006). Salinity in this area fluctuates from 36 ppm to

37 ppm. The hydrodynamics of the platforms result from

the interaction of waves, wind, and tides (Reeder & Rankey,

2008). The shallow water (9 < 10 m) ooid shoal complexes

in Great Bahama Bank are shaped daily by tidal currents with

velocities that can exceed 100 cm s�1 (Rankey et al., 2006;

Reeder & Rankey, 2008). Due to the relatively shallow

water depths on the platforms, the water volume exchange

during diurnal and semidiurnal tidal cycles is often magni-

fied as water flows through narrow channels. Sampling loca-

tions are illustrated in Fig. 1 and include three different

types of ooid shoals comprising ooids with mean grain size

ranging from 350 to 500 lm: Cat Cay, represented by a

bank margin sand belt; Joulters Cay, a tidal bar belt; and

Shroud Cay, a tidal delta. These extensively studied areas

were selected as they display a variety of depositional envi-

ronments in which ooid sands can accumulate and because

their facies share similarities with ancient carbonate sand

bodies (Cruz, 2008; Harris, 2010; Petrie, 2010).

Independent of the shoal morphology, which can resem-

ble tidal bar belts and marine sand belts, ooid shoal com-

plexes typically have three environments, herein described

as: (i) active ooid shoal; (ii) non-active ooid; and (iii) micro-

bially stabilized ooids (Fig. 2). In the active portion of the

complex, tidal currents or wave action constantly move the

ooids. The crests of these active ooid shoals are character-

ized by high hydrodynamic energy with well-sorted oolitic

grains consisting of up to 90% ooids. Adjacent to the shoal

is transition zones that experience a less intense hydrody-

namic regime, herein described as non-active ooid areas.

These areas flank the shoal crests and lie in deeper waters

(~1–3 m). The grains are poorly sorted and composed of

ooid sands (60–80%) with some admixtures of peloids (20–

40%) and skeletal grains (5%). Some of these areas could be

associated with a sparse and/or discontinuous covering of

individual sea grass plants (e.g., Thalassia). Other zones,

herein described as microbially stabilized, are located in low

areas on the crest of the shoals or tidal flats and are charac-

terized by the presence of microbial biofilm or fine filamen-

tous cyanobacterial coatings providing some level of ooid

stabilization. Hydrodynamic flow rates in these more physi-

cally stable areas can be as slow as 2 cm s�1 (Smith, 1995).

Samples were collected during various expeditions aboard

the R/V Coral Reef in June–July of 2010 and June 2012 in

three main areas (Table 1). The Cat Cay ooid shoal forms a

narrow (1–3 km wide) margin parallel marine sand belt of

Fig. 1 Detailed map of sampling localities in the Great Bahamas. Red box

outlines the sample areas.

© 2014 John Wiley & Sons Ltd

Functional gene diversity in carbonate sediments 233



approximately 15 km length on the western margin of

Great Bahama Bank (Cruz, 2008). Maximum tidal range is

119 cm, and tidal flow velocities vary during flood tide

(<80 cm s�1) and ebb tide (<40 cm s�1). The surface sedi-

ments of the Cat Cay ooid shoal are composed of moder-

ately well-sorted, medium sand ooid/peloidal grains with a

mean grain size of 361 � 44 lm. Samples for this study

were collected from a flood tidal delta lobe that has not

migrated for over 60 years and where ooids are assumed to

be forming today. The sediments are composed of ooids

(47%) and peloids (53%), and scattered skeletal grains

(Cruz, 2008). A second sample was taken about 50 m from

the lobe toward the platform interior in an environment

with fine to very fine and muddy peloidal sand stabilized by

seagrass (Cruz, 2008).

The Joulters Cay shoal complex is located north of the

Andros Island. The 400 km2 sand flat is cut by tidal channels

and fringed by mobile sand belts (Harris, 1979, 1983)

consisting of well-sorted ooids (mean grain size of 350–

500 lm) moved by tidal currents with velocities that exceed

100 cm s�1. Samples were collected from the northeastern

part of the Joulters Cay shoal on a large (several square kilo-

meters) frontal sand bar with active ooid formation in the

intertidal zone. Here, the sediments are over 90% ooids

(Fig. 3A, B). Fine filamentous cyanobacteria and/or muci-

laginous microbial coatings stabilize some areas on this lobe

where samples were collected (Figs 2E,F and 3E,F). Toward

the upper intertidal zone, the filamentous coating becomes

thicker and develops a more coherent structure (Fig. 2G).

To the west of the active sand bar is a large sand flat area that

A B

C D

E F

G H

Fig. 2 Representative photographs of the

Joulter’s Cay oolitic shoal complex (A–G) and

of the microbially stabilized area of Shroud Cay

(H). (A) Overview of active area in JoultersCay;

(B) Underwater close-up of ooids in motion;

(C) Non-active area of Joulters Cay with the

active area (white) in background; (D)

Thalassia sea grass colonizing the non-active

area; (E) Microbially stabilized environment of

Joulters Cay with fine filamentous, microbial

coating; (F) close-up of microbially stabilized

ooids; (G) gradual increase in microbially

stabilization on Joulters Cay from fine

filamentous coating (foreground) to mat-like

coating (dark background); (H) microbially

stabilized area at Shroud Cay.
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is only exposed at spring low tide and does not appear to

have any sand transport, except during storms (Fig. 2C,D).

In this inactive part of the shoal, the sedimentary facies are

often associated with sea grasses and consist of ooids (30–

70%) with a mixture of skeletal (5–20%), peloidal sand (20–

40%), and carbonate mud (up to 20%) (Fig. 3C,D). Most of

the peloids are micritized ooids.

The third study area is at Shroud Cay in the Exumas

along the 180-km-long margin a series of ooid tidal deltas

exist between islands (Harris, 2010). These deltas form as

lateral flow is restricted because of the presence of islands,

and tidal currents are concentrated through the channels

with maximal tidal velocities of 200 cm s�1 (Gonz�alez &

Eberli, 1997; Rankey et al., 2006; Reeder & Rankey,

2008; Harris, 2010). Samples were collected from the

active portions of the flood and ebb tidal deltas south of

Shroud Cay. The medium to well-sorted sand consists of

ooids (70% and 84%), peloids (23% and 12%), and few

skeletal and composite grains (2% and 4%) (Petrie, 2010).

Samples were taken from the microbially stabilized areas

of the tidal flat adjacent to the active delta (Fig. 2H),

where the medium sand-sized sediment is poorly sorted

and consists of peloids (51%), ooids (34%), composite

grains (13%), and scattered skeletal debris (Petrie, 2010).

On the non-active portion of the delta, the composition

varies between ooid and peloid dominated sediments with

a significant percentage of composite grains (30%) but

very little mud (1.3%).

Samples were collected during various expeditions aboard

the R/V Coral Reef in June–July of 2010 and June 2012

(Table 1). Approximately 5 g of oolitic sand from the

uppermost sediment layer (top 2.5 cm) was collected and

transferred into a sterile 50 mL polypropylene tube. While

EPS extractions were performed immediately, all other sam-

ples were stored at �20 °C until further processing in the

laboratory.

DNA isolation and purification

Total community DNA was extracted from 500 mg (wet

weight) of sediment using the FastDNA-spin Kit for soil

(Q-BIOgene, Carlsbad, CA, USA) and following the manu-

facturer’s protocol. DNA quality was evaluated with a

NanoDrop ND-1000 spectrophotometer (NanoDop Tech-

nologies Inc, Wilmington, DE, USA). Samples displaying

A260:A280 ratio >1.7 and A260:A230 ratio >1.8 were

employed for analysis.

Microbial community genome amplification and labeling

For enhanced sensitivity and genome coverage, purified

genomic DNA (25 ng) was amplified in triplicate using

Table 1 Characterization and locality information of sediment samples analyzed for functional gene and extracellular polymeric substance (EPS) analysis

Sample Region Environment Sediment type Latitude Longitude

GBB10 Great Bahama Bank Non-active Ooid pelletoidal grainstone 25.29165 �78.84259

GBBK Great Bahama Bank Non-active Ooid pelletoidal packstone 25.42896 �79.03449

JC4 Joulters Cay, Great Bahama Bank Active Ooid grainstone 25.27343 �78.12161

JC7 Joulters Cay, Great Bahama Bank Microbially stabilized Ooid pelletoidal 25.33497 �78.14612

JC8 Joulters Cay, Great Bahama Bank Active Ooid grainstone 25.33628 �78.14311

JC10 Joulters Cay, Great Bahama Bank Active Ooid grainstone 25.33610 �78.14508

JC11 Joulters Cay, Great Bahama Bank Microbially stabilized Ooid grainstone 25.33566 �78.14607

JC12 Joulters Cay, Great Bahama Bank Microbially stabilized Ooid grainstone 25.33513 �78.14778

JC13 Joulters Cay, Great Bahama Bank Non-active Ooid grainstone 25.33446 �78.15049

JCA Joulters Cay, Great Bahama Bank Active Ooid pelletoidal grainstone 25.335222 �78.143583

JCA1 Joulters Cay, Great Bahama Bank Active Ooid grainstone 25.335778 �78.144667

JCA2 Joulters Cay, Great Bahama Bank Active Ooid grainstone 25.334562 �78.145247

JCNA Joulters Cay, Great Bahama Bank Non-active Ooid grainstone packstone 25.335722 �78.149806

JCNA1 Joulters Cay, Great Bahama Bank Non-active Ooid grainstone packstone 25.335111 �78.150556

JCNA2 Joulters Cay, Great Bahama Bank Non-active Ooid grainstone packstone 25.334278 �78.1505

JCM Joulters Cay, Great Bahama Bank Microbially stabilized Ooid grainstone packstone 25.336306 �78.146361

JCMA1 Joulters Cay, Great Bahama Bank Microbially stabilized Ooid grainstone packstone 25.338894 �78.149106

JCMA2 Joulters Cay, Great Bahama Bank Microbially stabilized Ooid grainstone packstone 25.333864 �78.147915

SCA Shroud Cay, Great Bahama Bank Active Ooid grainstone 24.507194 �76.783778

SCA1 Shroud Cay, Great Bahama Bank Active Ooid grainstone 24.513528 �76.767444

SCNA Shroud Cay, Great Bahama Bank Non-active Ooid grainstone 24.514861 �76.791917

SCM Shroud Cay, Great Bahama Bank Microbially stabilized Ooid grainstone packstone 24.515111 �76.767472

SCM1 Shroud Cay, Great Bahama Bank Microbially stabilized Ooid grainstone packstone 24.542639 �76.781361

SCM2 Shroud Cay, Great Bahama Bank Microbially stabilized Ooid grainstone packstone 24.542617 �76.781533

GBB1 Great Bahama Bank Non-active Ooid grainstone packstone 25.429306 �79.064417

CCA Cat Cay, Great Bahama Bank Active Ooid grainstone 25.508066 �79.210466

CCNA Cat Cay, Great Bahama Bank Non-active Ooid grainstone packstone 25.509028 �79.210333

Bold font denotes samples analyzed with GEOCHIP 4.2, whereas italic font represents samples used for EPS determinations.
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REPLI-g-Midi kit according to the manufacturer’s proto-

col. This non-PCR-based whole-genome amplification

(WGA) uses multiple displacement amplification with ran-

dom hexamer primers that allows for less-biased DNA

amplifications (Wang et al., 2011a). Amplicons were puri-

fied with Qiagen QIAquick PCR purification kit (Qiagen,

Valencia, CA, USA) following the manufacturer’s protocol.

The purified amplicon (2 lg) was labeled with a fluorescent

dye (Cy5) using random priming with the Klenow fragment

of DNA polymerase (Wu et al., 2006). The cocktail labeling

mix comprised 1 9 random octamer mix (Invitrogen,

Carlsbad, CA, USA), 1 mM Cy5 dUTP (Amersham Phar-

macia Biotech, Piscataway, NJ, USA), 50 lM (dATP, dCTP,

dGTP), 20 lM dTTP (USB Corp., Cleveland, OH, USA),

and 40 U of Klenow fragment (Invitrogen). The reactions

were incubated at 37 °C for 3 h. The labeled products were

further purified with QIAquick PCR purification kit (Qia-

gen) and dried in a SpeedVAc (45 °C, 45 min).

Hybridization reaction

Two micrograms of dried labeled DNA was suspended in a

hybridization solution as described previously (Lu et al.,

2012). Duplicate samples were rehydrated with sample

tracking control (NimbleGen, Madison, WI, USA) and

hybridized in a buffer solution consisting of 40% formamide,

25% SSC, 1% SDS, 2% Cy5-labeled common oligo reference

standard (CORS) target, and 2.38% Cy3-labeled alignment

oligo (NimbleGen) and 2.8% Cy5-labeled CORS target

(Liang et al., 2009). The sample tracking control and

CORS are used for identity confirmation and signal normali-

zation/comparison (Liang et al., 2010). The array also

incorporates a set of genomic standards to quantitatively

analyze gene abundance. DNA samples were denatured at

95 °C for 5 min and hybridized for 16 h at 42 °C on a

Maui hybridization station (BioMicro, Salt Lake City, UT,

USA). After hybridization, the microarray was scanned at a

laser power of 100% (MS200 Microarray Scanner, Nimble-

Gen).

GEOCHIP data processing and statistical analysis

Pre-processed data were submitted to the Microarray Data

Manager (http://ieg.ou.edu/microarray/) to designate the

identity of each spot and to determine spot quality. Poor

and low quality spots as well as outliers were removed

A B

C D

E F

Fig. 3 Oolitic sediments from the Joulter’s Cay

oolitic shoal complex. (A, B) Highly polished

ooids from the active shoal environment (JC4).

(C, D) Oolitic sediments from the non-active

environment (JC13), including skeletal grains

and fine carbonate material. (E, F). Oolitic

sediments from the microbially stabilized

environment (JC11), including some fine

carbonate material. All scale bars = 1 mm.
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following Grubbs’ test of outliers (Grubbs, 1969). The sig-

nal intensities of each spot were normalized across samples

by the mean of Cy-5 labeled universal standard signal inten-

sities and then by the mean of Cy-3 labeled signal intensities

of all hybridized spots within each sample. Spots with signal-

to-noise ratios (SNR) < 2 and replicate outliers (>2 SD)

were removed. The signal-to-noise ratio was calculated as:

signal intensity � background�1 SD. Triplicate samples

representing each environment were analyzed.

A natural logarithmic transformation was performed on

the two step normalized data (He et al., 2007), prior to sub-

mission to GEOCHIP statistical analysis pipeline. Statistical

analysis included as follows: microbial diversity indices (e.g.,

Shannon–Weaver index, Simpson index), detrended corre-

spondence analysis (DCA) for gradient analysis, and three

nonparametric tests for multivariate data (e.g., multivariate

analysis of variance [Adonis], analysis of similarity [ANOSIM],

multiple-response permutation procedure [MRPP]) to assess

functional metabolic differences among the environments.

Bray and Curtis similarity index was used to calculate the dis-

tance matrices for ANOSIM, Adonis, and MRPP. The significant

differences were listed as P-values. Adonis analyses used the

F-test based on sequential sums of squares from permutations

of the data. T-test analysis was conducted to test whether

there are significant differences in biofilm abundance.

Extracellular polymeric substance quantification

Extracellular polymeric substance was extracted using a mod-

ified protocol of Decho et al. (2005). Approximately 2 g of

fresh sediment was collected in duplicate at active, non-active,

and microbially stabilized sites of Joulters Cay. Each sample

was incubated with 0.5 mM EDTA for 15 min at 40 °C, with
gentle shaking every 5 min for three consecutive treatments.

After each treatment, samples were centrifuged at 8000 9 g

and the supernatant was pooled. The supernatant was mixed

with cold (4 °C) ethanol (final concentration of 70%) for 8 h

to precipitate extracted EPS. Quantification of the EPS used

the phenol–sulfuric acid method (Underwood et al., 1995;

Perkins et al., 2004; Piggot et al., 2012). Absorbance was

measured at 490 nm using a spectrophotometer (BioPho-

tometer plus; Eppendorf, Hamburg, Germany). The amount

of polysaccharide present was determined by comparison

with a calibration curve using D-glucose. From herein, EPS

refers to the bulk polysaccharide fraction of extractable sedi-

ment. The sediments were washed with deionized water to

remove salts and were dried for the determination of dry

weight to calculate the measure of EPS (lg of glucose equiva-

lents g�1 dw sed.)

RESULTS

To understand the diversity and functional capabilities of

microbial communities associated with ooids, we used a

high-throughput functional gene microarray that recovered

a total of 12 432 genes, representing ~13% of the total

number of genes in the array. Phylogenetically, up to 39 dif-

ferent lineages were documented representing 62 species

from archaea, 823 from bacteria, 70 from fungi, and 10

from others (plasmids and uncultured/unidentified prokary-

otes). The total number of genes varied significantly

between the environments. Active communities retrieved

the least number (8631), followed by microbially stabilized

(9455) and non-active communities (10 102). Both the

Shannon–Weaver (H) and Simpson index (D) indicate

higher levels of functional diversity in non-active (H = 9.22;

D = 10050), followed by microbially stabilized (H = 9.15;

D = 9410.6), and active environments (H = 9.06;

D = 8598).

To determine whether different depositional environ-

ments harbor distinct patterns of functional gene diversity,

DCA was undertaken with all detected functional genes and

a group of genes associated with various metabolic pro-

cesses, for example, denitrification, ammonification, sulfate

reduction, carbon degradation, autotrophic CO2 fixation,

methanogenesis, and acetogenesis (Fig. 4). Based on the

clustering patterns, which show a clear separation between

groups, differences between the three environments were

apparent and supported by Adonis analysis (P-values rang-

ing from 0.001 to 0.028). Statistical differences between

the three environments were further supported by ANOSIM

and MRPP tests (on all detected genes: ANOSIM: R = 0.786,

P = 0.003; MRPP: d = 0.195, P = 0.007). Likewise, signifi-

cant differences were documented in the pairwise compari-

sons: active vs. non-active (Adonis F: 4.52, P = 0.0001, all

detected genes) and active vs. microbially stabilized (Adonis

F: 3.84, P = 0.0001, all detected genes). In contrast, lower

statistical significance levels were documented for microbial-

ly stabilized vs. non-active communities (Adonis F: 2.59,

P = 0.058, all detected genes).

Most of GEOCHIP 4.2 functional gene categories were

present in our samples but their relative abundances varied.

For instance, organic degradation and stress functional

genes were highly enriched accounting for 16–25%, and

15–22.8% of all detected genes, respectively. Metal resis-

tance genes recovered lower levels, ranging from 8.3 to

12.7%. Among the nutrient cycling genes, 9–13% were

related to carbon utilization, of which 7–10% pertained to

organic carbon degradation, whereas genes related to

nitrogen cycling accounted for 5–7%, sulfur cycling: 2–3%,

and phosphorus cycling: 1–2%.

Carbon cycling

All three environments were characterized by high levels of

carbon fixation genes associated with autotrophic assimila-

tion of CO2 via the 3-hydroxypropionate cycle represented

by propionyl-CoA/acetyl-CoA carboxylase (pcc/acc), and

the Calvin–Benson CO2 pathway represented by ribulose
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1,5-biphosphate carboxylase/oxygenase (RuBisCO). Pcc/

acc was the most common, with abundance levels ~ three-

fold higher than RuBisCO (Fig. 5). While signal intensities

associated with pcc/acc were found to differ between envi-

ronmental pairwise comparisons (Adonis, P = 0.001), mat

vs. non-active environments did not show significant differ-

ences (Adonis, P = 0.073). Over 45% and 32% of pcc/acc

probes belonged to Proteobacteria and Actinobacteria,

respectively (Fig. S1A). Other lineages included members

within Chloroflexi, Deinococcus-Thermus, Firmicutes, Bacter-

oidetes, and Euryarchaeota lineages. Genes associated with

RuBisCO were the second most abundant. While active

environments recovered the lowest RuBisCO signal intensi-

ties, non-active environments recovered the highest. Among

the three environments, active vs. mat communities showed

the most significant differences (Adonis, P = 0.001). RuBi-

sCO genes were mostly affiliated to Proteobacteria (Alpha,

Gamma, Beta), and Cyanobacteria (Fig. S1B). Both phyla

accounted for up to ~ 63% and 16% of the total number of

RuBisCO probes, respectively, followed by representatives

within Firmicutes, Bacteroidetes, Chlorobi, and Thermotogae

lineages (Fig. S1B). Other autotrophic CO2 fixation pro-

cesses included the Wood–Ljungdahl pathway, represented

by carbon monoxide dehydrogenase (CODH), and the

reductive citric acid cycle, represented by ATP citrate lyase

(aclB-ATP) (Fig. 5). The most significant differences in the

level of abundance of CODH, which was the third most

common type of autotrophic CO2 fixation process, were

observed between active and non-active communities (Ado-

nis, P = 0.001) followed by active vs. mat environments

(Adonis, P = 0.023). Most of CODH intensities were asso-

ciated with Proteobacteria and included Betaproteobacteria

(Burkholderiales) and Alphaproteobacteria lineages within

Rhizobiales, Rhodospirilalles, Rhodospirillum, Rhodobacte-

rales (Fig. S1C). Some species within Rhizobiales, Rhodobac-

terales, and Burkholderiales were solely present in

microbially stabilized and/or non-active environments.

Other CODH lineages included Actinobacteria, Firmicutes,

and Euryarchaeota. In addition, all three environments were

characterized by the presence of aclB-ATP and bchY genes,

both of which are employed as biomarkers for anoxygenic

phototrophs (Fig. 5). Except for bchY genes, which were

found to exhibit significantly higher levels in non-active

environments (non-active vs. mat: P = 0.001; non-active vs.

active: P = 0.001; all based on Adonis), the aclB-ATP

recovered similar signal levels with no statistical differences

between environments. Taxonomic representatives of aclB-

ATP included five distinct lineages, of which Proteobacteria

and Chlorobi were the most abundant (Fig. S1D), whereas

bchY genes were represented by four lineages with known

aerobic anoxygenic or anoxygenic photosynthesizers within

Proteobacteria (e.g., Roseobacter spp, Rhodospirillum spp.,
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Fig. 4 Detrended correspondence analysis of various biogeochemical cycles based on hybridization signal intensities. (A) All genes within the array; (B) Deni-

trification; (C) Ammonification; (D) Sulfate reduction; (F) CO2 fixation; (G) Methanogenesis; (H) Acetogenesis. Samples with the most similarity plot closer

together, whereas samples with less similarity plot further apart. The dissimilarities were supported by Adonis analysis with P-values ranging from 0.028 to

0.001.
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Erythrobacterium spp), Cholorobi, Chloroflexus and the pur-

ple sulfur bacterium, Halorhodospira.

Acetogenesis and methane metabolism

Genes indicative of acetogenesis (FthFS), methane produc-

tion (mcrA), and methane oxidation (mmox, pmoA) were

present and exhibited signal intensities which were ~fivefold
to 12-fold lower than autotrophic CO2 fixation genes

(Fig. 5). Acetogenesis was represented by four distinct

lineages, representing the genera Rubrobacter, Clostridium,

Norcadiodes, Corynebacterium, Shewanella, and Lactobacil-

lus, some of which were solely present in mat stabilized/and

or non-active environments (Fig. S2A, B). Gene sequences

associated with aerobic type I-II methanotrophs, for exam-

ple, Methylomicrobium, Methylocapsa, Methylocystis, Norcadi-

odes, were recovered in all three environments, except for

Methylomicrobium, which was only present in microbially

stabilized environments (Fig. S2C,D). Methanogens

occurred in low numbers in all three environments and were

mostly affiliated to uncultured Archaea and few isolates

belonging to Methanocorpusculum and Methanococcus.

Carbon degradation

Carbon degradation genes were highly enriched and sur-

passed those involved in carbon fixation processes. The

most labile forms of carbon, for example, starch, hemicel-

lulose, and cellulose, recovered a wider array of enzymes

than recalcitrant compounds, for example, aromatics, chi-

tin, lignin, and pectin (Fig. 6). Although all three environ-

ments documented high signal intensities for amylase

(starch), endochitinase (chitin), ara (hemicellulose), and

acetylglucosaminidase (chitin), active environments recov-

ered lower intensities, except for cda (starch), which

displayed higher signals in microbially stabilized environ-

ments. Carbon degradation genes were mostly affiliated to

bacteria, representing 65.3% of the total pool of carbon

degrading genes, whereas fungi-associated genes (e.g., Asc-

omycota and Basidiomycota) contributed 33.4%. Other

minor contributors included members within the Archaea

(e.g., Euryarchaeota and Crenarchaeota).

Nitrogen cycling

Five different enzymes involved in denitrification including

nitrate reductase (narG), nitrite reductase (nirK, nirS),

nitric oxide reductase (norB), and nitrous oxide reductase

(nosZ) were documented (Fig. 7). All three environments

significantly differed in the signal strength of nirK (Ado-

nis, P = 0.001, all pairwise comparisons), nirS (Adonis,

P = 0.001, all pairwise comparisons), and narG (Adonis,

P = 0.050–0.032). While nosZ gene signals were found to

differ among active vs. microbially stabilized (Adonis,

P = 0.008) and between non-active and microbially stabi-

lized environments (Adonis, P = 0.017), norB signals only

exhibited significant differences between active and micro-

bially stabilized environments (Adonis, P = 0.017). When

pooling all five functional genes, the signal intensities were

significantly different (Adonis, P = 0.001), with higher lev-

els documented for non-active and microbially stabilized

aclB-ATP bchYpcc/acc

Fig. 5 Distribution of key gene families associated with carbon cycling. Autotrophic CO2 fixation is represented by ribulose 1,5-biphosphate carboxylase/oxy-

genase (RuBisCO); propionyl-CoA/acetyl-CoA carboxylase (pcc/acc); carbon monoxide dehydrogenase (CODH); and ATP citrate lyase (aclB-ATP). Anoxygen-

ic photosynthesis represented by bacteriochlorophyll Y (bchY). Methane oxidation includes methane monooxygenase (mmoX) and particulate methane

monooxygenase (pmoA). Methane production is represented by methylcoenzyme M reductase (mcrA) and acetogenesis by formyltetrahydrofolate synthetase

(FTHFS). The signal intensity for each functional gene is the average of the total signal intensity from all the replicates. Lowercase letters on top of each bar

denote statistical significance between environmental categories (a = active, b = microbially stabilized, c = non-active) and functional genes (P < 0.05) by

Adonis. Lack of letter indicates no statistical differentiation.

© 2014 John Wiley & Sons Ltd

Functional gene diversity in carbonate sediments 239



environments. Whereas the vast majority of denitrification

genes were related to uncultured denitrifrying bacteria, up

to 57% of the identified genes represented denitrifiers from

Beta (Burkholderiales), Alpha (Rhizobiales, Rhodobacte-

rales), and Gammaproteobacteria (Enterobacteriales, Pseudo-

monadales) (Fig. S3A,B). Ascomycota (Eurotiomycetes,

Sordariomycetes) represented the second most abundant

group comprising up to 35% of the identified denitrifiers

lineages. Other less representative groups included Eur-

yarchaeota, Firmicutes, Verrucomicrobia, and Aquificeae.

Among these, the Aquificeae lineage was only present in

non-active communities. Besides genes involved in denitri-

fication, which recovered seven phyla, GEOCHIP 4.2

detected two key enzymes involved in ammonification pro-

cesses, for example,. glutamate dehydrogenase (gdh) and

urease c (ureC). Based on hybridization signal strengths,

ammonification is mostly represented by ureC genes

(Fig. 7). Except for non-active vs. microbially stabilized

environments, which showed P = 0.022 (Adonis), all other

environments showed differences at P = 0.001 (Adonis) in

ureC genes. Ninety-eight percent of the ammonification

genes (e.g., gdh, ureC) were associated with established

species within nine different phyla. Proteobacteria (Alpha,

Gamma, Beta) represented over 50% of the detected genes

followed by Actinobacteria (up to 27%) and Cyanobacteria

(up to 8%) (Fig. S4).

Functional genes related to N2 fixation were also docu-

mented and based on intensity levels the nifH gene ranked as

the most abundant gene (Fig. 7). As with nirK and nirS, sig-

nificant differences in the total signal intensity of nifH genes

were observed among all sites (Adonis, P = 0.001, all pair-

wise comparisons) with higher levels documented in non-

active and microbially stabilized environments. Although an

overwhelming majority of nifH genes (72%) was from uncul-

tured organisms, eight different phyla were identified, among

which, Cyanobacteria, Proteobacteria, Eurychaeota, and Fir-

micutes accounted for most of the nifH genes (Fig. S5A,B).

Genes associated with anaerobic ammonium oxidation

(anammox, hzo) and nitrification (hao) were present at rela-

tively low levels (Fig. 7). Signals related to hzo were associ-

ated with uncultured Planctomycetes. Likewise, hao signals

were mostly related to uncultured Planctomycetes and to

Nitrosomonas sp NM 143 and Candidatus Kuenenia stut-

tgartiensis, both with capability for nitrification.

Sulfur cycling genes

Most key functional genes involved in sulfur cycling were

detected (Fig. 8). Genes related to sulfite reductase (e.g.,

Fig. 6 Genes involved in carbon degradation. Genes arranged based on the complexity of carbon from labile to recalcitrant. The signal intensity for each

function gene is the average of the total signal intensity from all replicates. Error bars denote standard deviation. Abbreviations denote: AmylA (alpha amy-

lase); apu (amyX/pullanase); cda (cyclo- maltodextrin dextrin-hydrolase); pulA (pullanase); nplT (neopullulanase); ara (arabinose); xylA (xylose isomerase);

CDH (cellobiose dehydrogenase); LMO (lignin-modifying oxidase); limEH (limonene-1,2-epoxide hydrolase); vanA (vanillate monooxygenase); vdh (vanillin

dehydrogenase); mnp (manganese peroxidase); glx (glyoxal oxidase); lip (ligninase); pec_Cdeg (pectinase degradation); pme_Cdeg (pectin methylesterase).
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dsrA/B, cysJ/I) and sulfur oxidation (e.g., sox) were most

abundant, whereas genes related to sulfide oxidation (e.g.,

sqR, fccAB) were less abundant. As previously documented,

active environments consistently displayed lower signal

intensities as opposed to mat and non-active environments.

When combining all sulfite reduction genes, Adonis tests

revealed significant differences between pairwise compari-

sons of active vs. mat (P = 0.001) and active vs. non-active

(P = 0.009). In contrast, no significant differences were

documented between non-active and mat communities.

Dissimilatory sulfite reductase genes (dsrA/B) were the

most prevalent, accounting for over 45% of the sulfur

genes. Most dsrA/B genes (~78%) were associated with

uncultured sulfate-reducing bacteria. Among the identified

lineages, up to 31.8% belonged to Deltaproteobacteria

(e.g., Desulfobacterales, Desulfovibrionales), whereas Firmi-

cutes (e.g., Clostridiales) accounted for up to 29.5% of

dsrA/B genes (Fig. S6A, B). Assimilatory sulfite reductase

genes, for example, CysJ/I, sir, represented 22% of the

total sulfur genes. While 41% of the CysJ/I genes belonged

to Gammaproteobacteria, 55% of the sir genes were related

to Cyanobacteria and Gammaproteobacteria (data not

shown). Sulfur oxidation recovered a total of 65 sox genes,

most of which were associated with Alphaproteobacteia

(Rhodobacteraceae, Rhizobiales) and Gammaproteobacteria

(Chromatiales). Other less representative members included

Chlorobi (Chlorobiales) and Betaproteobacteria (Burkholderi-

ales).

Extracellular polymeric substance determinations

Extracellular polymeric substance determinations, as estab-

lished by phenol-sulfuric acid quantification, showed that

microbially stabilized EPS content was ~10- to 3.8-fold

higher than active and non-active samples, respectively

(Fig. 9). In contrast, non-active samples displayed EPS

concentrations, which were on average ~threefold higher

than active communities. The differences in EPS content

were statistically well supported by t-test analysis with

P-values ranging from 0.002 to 0.003.

While the distribution of EPS in active and non-active

samples recovered at different localities (e.g., Shroud Cay

and Joulters Cay) did not appear to be significantly different

from each other, EPS on mat-associated oolitic grains signif-

icantly differ at both localities (t-test, P = 0.05), with higher

levels documented in Shroud Cay and surpassing over 52%

Fig. 7 Normalized signal intensity of genes involved in nitrogen cycling. Abbreviations denote norB (nitric oxide reductase); nosZ (nitrous oxide reductase);

nirK/nirS (nitrite reductases); narG (nitrate reductase); hao (hydroxylamine oxidoreductase); gdh (glutamate dehydrogenase); ureC (urease); nifH (nitroge-

nase); niR/nirA/nirB (nitrite reductases); nasA (nitrate reductase); hzo (hydrazine oxido-reductase); napA (nitrate reductase periplasmic); nrfA (nitrite reduc-

tase). The signal intensity for each functional gene is the average of the total signal intensity from all the replicates. Lowercase letters on top of each bar

denote statistical significance between environmental categories (a = active, b = microbially stabilized, c = non-active) and functional genes (P < 0.05) by

Adonis. Lack of letter indicates no statistical differentiation.
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those of Joulters Cay (Fig. 9). Similarly, significant differ-

ences (t-test, P = 0.03) were documented between non-

active samples from Shroud Cay and Cat Cay. Further dif-

ferences were also established between active sampling sites:

1) Cat Cay vs. Shroud Cay (t-test, P = 0.045) and 2) Cat

Cay vs. Joulters Cay (t-test, P = 0.040).

DISCUSSION

Oolitic carbonate sediments of the Bahamas Archipelago

harbor diverse microbial communities with metabolic

potential for major biogeochemical processes (Fig. 10).

Based on functional diversity indices, non-active communi-

ties are the most diverse, followed by microbially stabilized

and active environments. This is in agreement with Diaz

et al. (2013), who documented a similar diversity trend

using clone libraries of the 16S rRNA gene in the oolitic

sediments of the Bahamas. The average Shannon–Weaver

functional diversity index [H = 9.14], although lower than

in the mangrove sediments from South China [average:

H = 10.22] (Bai et al., 2012), surpasses the levels reported

by others using similar technology in the sediments from

the Gulf of Mexico [average: H = 5.23] (Wu et al., 2008)

and Juan de Fuca hydrothermal vents [average: H = 5.75]

(Wang et al., 2009). The high level of microbial diversity

may be created by physical disturbances (e.g., tides, cur-

rents), which can induce spatial and temporal heterogene-

ity, allowing for the creation of new niches to support

diverse microbial assemblages (Ley et al., 2006).

Despite established dissimilarities, which were mostly

driven by gene abundance and phylogenetic composition,

microbial oolitic communities shared extensive phyloge-

netic and functional gene overlap, which might be indica-

tive of functional redundancy that allows these

communities to persist under different levels of physical

disturbances and environmental conditions. In spite of

functional redundancy, significant variability of functional

genes related to carbon, nitrogen, and sulfur cycling was

Fig. 8 Normalized signal intensity of genes

involved in sulfur cycling. Abbreviations

denote: dsrA/dsrB (sulfite reduction); aprA/

AprB (dissimilatory adenosine 50-phosposulfate
reductases); CysJ/CysI/sir (sulfite reductases);

sox (sulfite oxidase); sqR (sulfide quinone

reductase); fccAB (flavocytochrome c sulfide

dehydrogenase). The signal intensity for each

functional gene is the average of the total

signal intensity from all the replicates.

Lowercase letters on top of each bar denote

statistical significance between environmental

categories (a = active, b = microbially

stabilized, c = non-active) and functional

genes (P < 0.05) by Adonis. Lack of letter

indicates no statistical differentiation.

Fig. 9 Distribution of extracellular polymeric

substance (EPS) content at different locations.

Inset graph represents pooled data of

environmental sites. EPS concentrations are

based on phenol-sulfuric acid quantification.

Concentrations of EPS are given as lg of

glucose equivalents per gram of dry weight.

Error bars represent the standard deviation of

three sets of samples per environment (for

each set n = 2).
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evident. Although we could not be certain about the main

factor contributing to the documented differences as envi-

ronmental variables were not assessed, we speculate

contrasting hydrodynamic flows, which ranges from

100 cm s�1 in active environments to 2 cm s�1 in stabi-

lized areas (Smith, 1995; Rankey et al., 2006), could

account for some of the differences. For instance, hydrody-

namic forces are known to impact bacterial community

structure and function as they can affect the sediments

redox conditions (Mills et al., 2008).

While assemblages of Proteobacteria exhibiting a wide

range of metabolic pathways have the potential to promote

degradation and remineralization within all three environ-

ments, bacterial primary production in ooid environments

seems to be driven by a diverse population of autotrophic

CO2 fixers, among which Proteobacteria (Alpha-Beta,

Gamma), Chlorobi, and Cyanobacteria are the most preva-

lent. These findings are supported by Diaz et al. (2013),

who documented similar taxonomic composition of primary

producers in oolitic sediments from the Bahamas using ter-

minal fragment length polymorphism (TRFLPs) and 16S

rRNA clone analysis. Based on the ubiquitous presence of

both oxygenic and anoxygenic phototrophs, all of which

can drive the alkalinity toward carbonate precipitation by

consuming CO2 and increasing local pH (Bosak et al.,

2007; Dupraz et al., 2009), we can infer these communities

could have metabolic capabilities for carbonate precipitation

as documented in systems, such as microbialites (Breitbart

et al., 2009); stromatolites (Dupraz & Visscher, 2005); and

fresh-water ooids (Pacton et al., 2012). Functional gene

analysis unveiled a large number of genes for CO2 fixation

through the 3-hydroxypropionate/malyl CoA cycle (pcc/

acc), the Calvin–Benson (RuBisCO), and the Wood–Ljung-

dahl pathway (CODH). Abundance of pcc/acc over RuBi-

sCO was surprising as primary production in marine photic

zones is generally attributed to autotrophic organisms (e.g.,

cyanobacteria and eukaryotic algae) that employ RuBisCO

as the CO2 fixation mechanism (H€ugler & Sievert, 2011).

In contrast, 3-hydroxypropionate/malyl CoA cycle is a

more restricted cycle, mostly circumscribed to Chloroflexa-

ceae (Strauss & Fuchs, 1993; Zarzycki et al., 2009), mem-

bers within Alpha- (Erythrobacter spp.), Gamma- (NOR5-

3, NOR51-B), and autotrophic archaea (Zarzycki et al.,

2009). Although this metabolic pathway is probably more

common than previously thought, the predominance of

pcc/acc in oolitic sediments should be regarded with caution

as this pathway comprises a heterogeneous group of multi-

functional carboxylating enzymes (Lombard & Moreira,

2011). The Wood–Ljungdahl pathway was the third most

common CO2 fixation mechanism. Although this pathway

is mostly circumscribed to anaerobes that couple CO oxida-

tion to sulfate reduction or reduce CO2 to either acetate or

methane (H€ugler & Sievert, 2011), 61% of the probes

targeted aerobic carboxydotrophs (e.g., Rhizobiales, Rhodo-

bacterales, Actinobacteria) capable of oxidizing CO to CO2

(Lorite et al., 2000; King & Weber, 2007; Park et al.,

2008). Other autotrophic fixation mechanism, include the

reverse tricarboxylic acid (rTCA) cycle, which was mostly

represented by Chlorobium limicola and few microaerophilic

members within Proteobacteria and Aquificales, has been

previously documented in marine microbial communities

(Campbell & Cary, 2004).

GEOCHIP analysis identified carbon degradation as one of

the most abundant gene categories in the carbon cycling

with signal intensities ~fivefold higher than autotrophic

CO2 fixation (Fig. 10). The widespread array of genes

associated with organic carbon substrates suggests these

heterotrophic communities have a high plasticity in meta-

Fig. 10 Summary of metabolic processes

associated with oolitic microbial communities.

The normalized signal intensity is the average

of the total signal intensity from all the

replicates associated with individual metabolic

process. Lowercase letters on top of each bar

denote statistical significance between

environmental categories (a = active,

b = microbially stabilized, c = non-active) and

functional genes (P < 0.05) by Adonis. Lack of

letter indicates no statistical differentiation.

Asterisks denotes global statistical significance

among all pairwise comparisons based on

Adonis analysis ***P < 0.0001, **P < 0.001,

*P < 0.05.
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bolic pathways that enables them to degrade simple and

complex carbohydrates and exploit limited carbon sources,

which are commonly associated with oligotrophic waters.

For instance, the ability of marine microbes to use labile

and recalcitrant organic matter (e.g., chitin, cellulose, and

lignin) as carbon, nitrogen, and energy sources has been

documented by others (Sieburth, 1976; Bianchi, 2011).

While the vast majority of heterotrophic metabolism in

oolitic environments seems to be regulated by bacteria, a

third was associated with fungal communities (e.g., Asc-

omycota and Basidiomycota) with potential capabilities for

degradation of large organic polymers (e.g., chitin, lignin,

pectin). The occurrence of fungal communities, which was

further validated by PCRs of the LSU rRNA gene with

panfungal primers, for example, F63 and R635 (unpub-

lished data), is not unforeseen as endolithic fungi has been

previously documented in ooids (Kahle, 1977; Harris

et al., 1979; Gerdes & Krumbein, 1987). Although their

significance has yet to be established, these communities

can have potential capacities to exploit mineralized organic

matter entrapped in carbonate substrates (Golubic et al.,

2005). Herein, we also documented carbon cycling pro-

cesses, which are indicative of acetogenesis and C1 path-

ways (e.g., methanogenesis, methane oxidation), but based

on the signal intensities, they do not seem relevant path-

ways (Fig. 10).

The nitrogen cycle, which is driven by complex biogeo-

chemical transformations that include denitrification, N2

fixation, ammonification, and assimilation, is considered

one of the most important biogeochemical cycles as it con-

trols the productivity of the oceans (Zehr & Kudela,

2011). Our results revealed a wide variety of functional

genes with different degrees of abundance for processes

involved in nitrogen cycling. Based on the abundance and

levels of intensity of nitrogen-related genes, denitrification

seems an important biogeochemical process, mostly driven

by uncultured organisms and members within Proteobacte-

ria lineages (e.g., Pseudomonas, etc). This finding supports

previous studies documenting the presence of denitrifying

communities in oolitic environments (Diaz et al., 2013).

In addition, denitrifying communities (e.g., Pseudomonas,

etc) have been implicated in the chalky mud flat precipita-

tion in the Bahamas (Drew, 1911, 1914). N2 fixation

genes, which were the second most abundant nitrogen-

related gene family, followed by ammonification, identified

lineages associated with Euryarchaeota, Proteobacteria, and

Cyanobacteria, suggesting these communities may have an

important role as contributors to nitrogen in these nitrate-

poor oligotrophic Bahamian waters (Karl et al., 2002).

However, further validation is needed to assess the activity

of these genes and associated communities. Likewise,

ammonification seems a relevant pathway as ureC gene,

which is a functional marker for urea utilization potential,

ranked as third. Urea is considered a predominant nitrogen

source in oligotrophic oceans, where regenerated forms of

nitrogen (e.g., urea and ammonium) are the preferred

nitrogen source of many organisms (Antia et al., 1991).

Hydrolysis of urea can generate carbonate alkalinity, which

can promote precipitation. Based on GEOCHIP 4.2, urea uti-

lizers were abundant and include diverse phylo-groups,

mostly represented by Proteobacteria and Actinobacteria.

In contrast, the level of detection of genes for nitrification

and anammox processes was relatively low. Similar findings

have been reported for thrombolites in the Bahamas

(Mobberley et al., 2013) and microbialites from Cuatro

Ci�enaga, Mexico (Breitbart et al., 2009).

The microbial communities in these oolitic sediments

appear to be capable of a variety of S cycling processes,

and based on gene abundance levels, sulfate reduction

recovered the highest number of S-related genes followed

by sulfur oxidation and sulfide oxidation. Sulfate reduction

can account for over 50% of the organic carbon mineraliza-

tion in marine sediments and provide a source of electrons

to phototrophic and chemolithotrophic bacteria (Jørgen-

sen, 1982). This important metabolic process generates

carbonate ions, which can potentially lead to calcium pre-

cipitation (Decho et al., 2005; Dupraz & Visscher, 2005).

Although sulfate reduction genes were associated with

well-established sulfate-reducing genera within Deltaproteo-

bacteria and Firmicutes (i.e., Desulfovibrio, Syntrophobacter,

Desulfotomaculum, Clostridium), the vast majority of sul-

fate reduction genes were from uncultured clones, indicat-

ing that major uncultured diversity lies in these

environments. Similar findings applied for denitrifiers, with

only 13% of the genes characterized. The presence of den-

itrifiers and sulfate reducers in active ooid sediments, which

was previously documented by Diaz et al. (2013) in the

oolitic environments in the Bahamas Archipelago, suggests

these organisms, which were previously thought restricted

to anoxic environments, can tolerate oxic conditions

(Krekeler et al., 1998; Sigalevich et al., 2000; Baumgartner

et al., 2006; Hunter et al., 2006; Gao et al., 2010; Wang

et al., 2011b). For instance, high rates of aerobic denitrifi-

cation have been reported in sandy sediments exposed to

tidally induced redox oscillations (Gao et al., 2010; Wang

et al., 2011b). Similarly, a highly active population of sul-

fate reducers has been documented in the oxic zones of

stromatolite systems in the Bahamas (Visscher et al., 2000;

Dupraz et al., 2004) and in the hypersaline mats at Guer-

rero Negro, Mexico (Canfield & Des Marais, 1991). These

organisms, which bear oxidative defense mechanisms that

can counteract free radicals, can even exhibit higher rates

of sulfate reduction under oxic conditions (Canfield & Des

Marais, 1991; Fournier et al., 2004; Baumgartner et al.,

2006; Bryukhanov et al., 2011). Based on our GEOCHIP 4.2

data, all three environments recovered a number of genes

associated with oxidative stress resistance mechanisms,

including oxidoreductases (e.g., ferredoxin: NADPH

© 2014 John Wiley & Sons Ltd

244 M. R DIAZ et al.



(FNR), catalases (e.g., katA/E), and hydroperoxidases

(e.g., AhpC/F, OxyR) (data not shown). In addition, we

detected genes associated with hydrogen peroxide detoxifi-

cation (e.g., cydA/B) (Lindqvist et al., 2000). Besides the

aforementioned mechanisms against reactive oxygen

species, particle-attached biofilms could further promote

oxygen-depleted microniches (Kuhl & Jorgensen, 1992).

According to Diaz et al. (2013), oolitic communities are

characterized by the ubiquitous presence of particle-

attached bacteria and EPS producers/degraders (e.g.,

sulfate reducers and lineages within Proteobacteria, Plancto-

mycetes, Bacteroidetes, Cyanobacteria), all of which can

combine to create steep redox gradients to facilitate anaer-

obic metabolism in an otherwise oxygenated environment

(Paerl & Prufert, 1987). A similar mechanism has been

reported for microbialite systems, where copious amount

of EPS secreted by micro-organisms (e.g., sulfate reducers,

cyanobacteria) induce steep/redox gradients (Breitbart

et al., 2009).

Measurements of EPS abundance associated with oolitic

grains provide further evidence for the ubiquitous presence

of EPS biofilm and associated communities. Our results,

which showed a gradual increase in EPS concentration from

active to mat stabilized environments, suggests that hydro-

dynamic forces can have a direct effect on EPS accumulation.

Thus, lower abundance of EPS (4 lg glucose equiva-

lents g�1 dw sed.) on active oolitic grains is probably due to

shear forces that promote detachment of EPS (Zhang et al.,

2011; Piggot et al., 2012; Diaz et al., 2013), whereas stabi-

lized areas allow for more EPS accumulation with average

values ranging from 13.6 to 49 glucose equivalents g�1 dw

sed. for non-active and microbially stabilized environments,

respectively. Our documented EPS levels are in agreement

with Diaz et al. (2013), who documented EPS levels rang-

ing from 11.6 to 31.4 lg glucose equivalents g�1 dw sed.

on oolitic grains in Joulters Cays. The role of EPS in calcium

carbonate precipitation has been extensively studied in vari-

ous microbial systems, for example, stromatolites, microbia-

lites, and dolomites (Decho, 2000; Decho et al., 2003;

Dupraz & Visscher, 2005), and has revealed that heterotro-

phic bacteria, including sulfate reducer bacteria, play an

important role in the gross calcification via release of

Ca2+ ions formerly bound to acidic EPS groups.

Even though GEOCHIP 4.2 has its limitations (as it mea-

sures potential rather than ‘actual’ microbial activities and

suffers from lack of resolution at detecting novel gene

sequences), this study provides a comprehensive snapshot

on gene diversity, distribution, and putative metabolic

capabilities of these understudied microbial communities.

Nevertheless, further studies are warranted using mRNA

analysis to establish a more direct link between microbial

communities and functional activities and how their meta-

bolic activities and physo-chemical conditions of the envi-

ronment can influence carbonate precipitation.

CONCLUSIONS AND IMPLICATIONS

Functional gene diversity in oolitic environments is rela-

tively high, with higher diversity associated with non-active

and microbially stabilized environments. Despite differences

in overall microbial community structure, oolitic microbial

communities share functional redundancy for metabolic

processes that potentially fosters carbonate precipitation.

The latter is supported by the co-occurrence and abundance

of genes associated with photosynthesis, denitrification,

ammonification, and sulfate reduction (Fig. 10). Except for

organic carbon degradation, most of the processes associ-

ated with carbonate dissolution (e.g., sulfide oxidation,

methane oxidation, ammonium oxidation, dissimilatory

nitrate reduction) do not seem as predominant. EPS analysis

along with functional gene analysis, which revealed genes

encoding EPS-degrading enzymes (chitinases, glucoamy-

lase, amylases), further supports the putative role of EPS

degraders in calcification. While recent studies attribute

photosynthesizers as the primary drivers for the genesis of

freshwater ooids (Pl�ee et al., 2008, 2010; Pacton et al.,

2012) and calcification processes in hypersaline mats in lake

Chiprana, Spain (Ludwig et al., 2005), there is circumstan-

tial evidence to speculate that CaCO3 precipitation in oolitic

environments is probably biologically influenced by the syn-

ergistic effect of microbes with diverse physiologies (e.g.,

oxygenic/anoxygenic photoautotrophs, oxygenic/anoxy-

genic heterotrophs, denitrifiers, sulfate reducers, ammonifi-

ers). This is further supported by Diaz et al. (2013), who

documented the occurrence of key phylogenetic groups

with capability for CaCO3 precipitation in Bahamian ooids

and by lipid biomarker signatures of sulfate-reducing bacte-

ria, photoautotrophs, and heterotrophs in the oolitic sands

of the Bahamas and Shark Bay, Australia (Summons et al.,

2013). The integration and coordination of metabolic pro-

cesses that favors precipitation or dissolution along the spa-

tially distinct microenvironments further induced by EPS

biofilm can possibly mediate carbonate precipitation in this

otherwise oxygen and carbonate-saturated environment.
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SUPPORTING INFORMATION

Additional Supporting Information may be found in the

online version of this article:

Fig. S1 Relative abundance of phylogenetic groups associated with auto-

trophic carbon fixation. (A) pcc/acc (propionyl-CoA/acetyl-CoA carboxyl-

ase); (B) RuBisCO ribulose (1,5-biphosphate carboxylase/oxygenase); (C)

carbon monoxide dehydrogenase (CODH); (D) aclB-ATP (ATP citrate

lyase). Relative abundance is based on the total signal intensities of all

genes associated with each particular carbon fixation pathway. Proteobac-

teria phylum is divided into the classes, Alpha-, Beta-, Gamma-, Epsilon-.
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Fig. S2 Phylogenetic distribution and normalized signal intensity of genes

associated with representative microbial genera associated with acetogene-

sis and methanotrophy. (A) Representative distribution of acetogens at

phylum level. Proteobacteria phylum is divided into the classes, Alpha- and

Gamma-; (B) Distribution of acetogens at genus level. Proteobacteria phy-

lum is divided into the classes, Alpha-, Beta-, Gamma-; (C) Distribution of

methanotrophs at phylum level; and (D) Distribution of methanotrophs at

genus level. Relative abundance is based on the total signal intensities of

genes associated with each particular geochemical cycle.

Fig. S3 Phylogenetic distribution of genes associated with denitrification.

(A) Representative distribution of denitrifiers at phylum level. Proteobacteria

phylum is divided into the classes, Alpha-, Beta-, Gamma-; (B) Distribution

of denitrifiers at genus level. Relative abundance is based on the total signal

intensities of all denitrification genes within a given phylogenetic group.

Fig. S4 Phylogenetic distribution of genes involved in ammonification. Rela-

tive abundance is based on the total signal intensities of all genes associ-

ated with ammonification. Proteobacteria phylum is divided into the

classes, Alpha-, Beta-, Delta-, Gamma-.

Fig. S5 Phylogenetic distribution of genes associated with N2 fixation. (A)

Representative distribution of N2- fixers at phylum level. Proteobacteria

phylum is divided into the classes, Alpha-, Beta-, Delta-, Epsilon-. (B) Dis-

tribution of N2 fixers at genus level. Relative abundance is based on the

total signal intensities of N2 fixation genes within a given phylogenetic

group.

Fig. S6 Phylogenetic distribution of genes associated with sulfate reduction.

(A) Representative distribution of sulfate reducers at phylum level. Proteo-

bacteria phylum is divided into the classes, Alpha-, Beta-, Delta-, Gamma-.

(B) Distribution of sulfate reducers at genus level. Relative abundance is

based on the total signal intensities of sulfate-reducing genes within a given

phylogenetic group.

Table S1 Summary of GEOCHIP 4.2 probes and covered gene sequences

among different categories.
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